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The endoplasmic reticulum (ER) is composed of interconnected membrane sheets and tubules. Superresolution microscopy 
recently revealed densely packed, rapidly moving ER tubules mistaken for sheets by conventional light microscopy, 
highlighting the importance of revisiting classical views of ER structure with high spatiotemporal resolution in living cells. 
In this study, we use live-cell stimulated emission depletion (STED) microscopy to survey the architecture of the ER at 50-nm 
resolution. We determine the nanoscale dimensions of ER tubules and sheets for the first time in living cells. We demonstrate 
that ER sheets contain highly dynamic, subdiffraction-sized holes, which we call nanoholes, that coexist with uniform sheet 
regions. Reticulon family members localize to curved edges of holes within sheets and are required for their formation. 
The luminal tether Climp63 and microtubule cytoskeleton modulate their nanoscale dynamics and organization. Thus, by 
providing the first quantitative analysis of ER membrane structure and dynamics at the nanoscale, our work reveals that the 
ER in living cells is not limited to uniform sheets and tubules; instead, we suggest the ER contains a continuum of membrane 
structures that includes dynamic nanoholes in sheets as well as clustered tubules.
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Introduction
The ER is the largest membrane-bound organelle in eukaryotic 
cells. ER membranes are spread throughout the cytoplasm to per-
form essential functions in protein and lipid synthesis as well as 
calcium signaling. The continuous membranes of the ER extend 
from the nuclear envelope (NE) as stacks of sheets and transi-
tion into a network of tubules and sheets at the cell periphery 
(Baumann and Walz, 2001; Friedman and Voeltz, 2011; Hu et al., 
2011; Westrate et al., 2015). Early descriptions from thin-section 
electron micrographs described the ER as an interconnected 
network of ribosome-studded “rough” membrane sheets and 
“smooth” tubules that both enclose a lumen of ∼60-nm diame-
ter (Palade and Porter, 1954; Palade, 1955; Fawcett, 1981). More 
recently, advanced 3D EM approaches revealed ER membrane 
morphologies that diverge from these textbook descriptions. 
These ER morphologies include fenestrated sheets (Puhka et al., 
2012), helicoidal membranes (Terasaki et al., 2013), “thin” corti-
cal sheets (∼25 nm in thickness; Orci et al., 2009), and tubules 
that widen and narrow (diameters ranging from 25 to 90 nm; 
Terasaki, 2018). Light microscopy approaches further revealed 
that ER tubules are dynamic and constantly reorganize to facil-
itate the various functions of the ER (Dabora and Sheetz, 1988; 
Baumann and Walz, 2001; Hein et al., 2008; Westrate et al., 2015; 

Phillips and Voeltz, 2016; Guo, 2018; Holcman et al., 2018). Recent 
work from Nixon-Abell et al. (2016) used structured illumina-
tion microscopy (∼100-nm resolution) to identify “ER matrices,” 
dense and highly dynamic ER tubule networks that appear to be 
sheets by conventional microscopy. Collectively, these findings 
challenge the dogma that the peripheral ER consists of two dis-
tinct morphologies: flat sheets and curved tubules (Baumann and 
Walz, 2001; Shibata et al., 2006).

The high membrane curvature found in both ER tubules and 
rims of sheets requires the ER-specific wedge-shaped Reticulon 
and DP1/Yop1 family of membrane inserted proteins, which are 
excluded from flat membrane sheet regions (Voeltz et al., 2006; 
Shibata et al., 2008). The integral membrane protein Climp63 
maintains the luminal space of ER sheets by forming bridges 
between parallel membrane sheets through its coiled-coil do-
main (Shibata et al., 2010). Although Climp63 overexpression 
induces ER sheets, the formation of ER sheets does not depend 
on Climp63. Instead, it is proposed that the abundance of Reticu-
lon and DP1/Yop1 proteins relative to the amount of bilayer lipids 
determines the ratio of ER sheets to tubules (Shibata et al., 2010).

The microtubule cytoskeleton also functions to support the 
architecture of the ER (Waterman-Storer and Salmon, 1998; 
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Grigoriev et al., 2008; Woźniak et al., 2009; Friedman et al., 
2010). The depolymerization of microtubules causes ER tubules 
to coalesce into membrane structures that appear to be sheets 
by conventional light microscopy (Terasaki et al., 1986; Lu et al., 
2009). Thus, although in vitro reticulons are sufficient to gener-
ate membrane tubules from proteoliposomes (Hu et al., 2008), 
microtubules are additionally required in vivo (Terasaki et al., 
1986; Lu et al., 2009).

We used stimulated emission depletion (STED) microscopy 
(Hell and Wichmann, 1994) to survey the nanoscale morphol-
ogy and dynamics of the ER at ∼50-nm resolution. We provide 
precise measurements of ER tubules from living cells. We char-
acterize an understudied yet prominent feature of ER mem-
branes—dynamic, nanoscale-sized holes in ER sheets that we call 
“nanoholes.” We demonstrate the effect of reticulons, Climp63, 
and the microtubule cytoskeleton on ER membrane structures 
that we conclude exist within a continuum between flat sheets 
and curved tubules.

Results and discussion
We imaged the periphery of live COS-7 cells expressing the genet-
ically encoded fusion protein Halo-KDEL or SNAP-KDEL (Keppler 
et al., 2003; Los et al., 2008), which exclusively localizes to the 
ER lumen and can be labeled with organic dyes compatible with 
STED imaging (Fig. 1 A; Bottanelli et al., 2016). Acquiring STED 
and confocal images of the same region within the cell periphery 
revealed ER structures that were not detected by conventional 
microscopy approaches (Fig. 1 B). In regions that appeared to be 
ER sheets by confocal microscopy, STED microscopy revealed 
sheets containing distinct holes directly adjacent to uniform re-
gions within the same sheet (Fig. 1 B, right, magenta box; and 
Fig. 1 C). In most cases, sheets containing holes were distinct from 
clusters of tubules, which also appeared as sheets by conven-
tional microscopy (Fig. 1 B, right, green box; and Fig. 1 D). Holes 
in ER sheets were observed with luminal as well as membrane ER 
markers (Fig. 1, A–E; and Fig. S1 A), in 3D image stacks of centrally 
located ER sheets—which are likely ribosome studded based on 
their proximity to the NE (Fig. 1 E)—and in U2OS cells (Fig. 1 F). 
Holes in the NE where nuclear pore complexes (NPCs) reside, as 
indicated by endogenously tagged nuclear pore protein Nup160-
Halo, were similar in diameter to holes in ER sheets in both live 
and fixed cells (Fig. S1, B–E; and Fig. 1 E). Holes in ER sheets re-
semble fenestrated sheets first described by Palade (1955) over 60 
yr ago and have since detected by high-resolution EM of tissue 
culture cells (Puhka et al., 2012) and budding yeast (West et al., 
2011). We decided to focus on these nanostructures because de-
spite their prominence, they are poorly characterized and have 
never been described in living cells. Because of their subdiffrac-
tion-limited size, we termed holes in ER sheets nanoholes.

To determine whether curvature-stabilizing reticulon pro-
teins localize to curved membrane edges of nanoholes in ER 
sheets, we used two-color STED imaging of immunolabeled 
endogenous Rtn4A, Rtn4B, and Rtn4D isoforms (Fig. 1 F; hence-
forth Rtn4) in U2OS cells. Rtn4 localizes to a subset of nanoholes 
(Fig. 1 F, arrow) that juxtapose uniform sheet areas completely 
devoid of Rtn4 (Fig. 1 F, arrowhead). We endogenously tagged 

one locus of Rtn4 isoforms with a SNAP-tag in U2OS cells (Rtn4-
SNAPEN; Fig. S1 F), but the fluorescence signal in STED micros-
copy was too low for robust analysis. Using confocal imaging 
instead, we confirmed Rtn4-SNAPEN localization to a subset of 
nanoholes in otherwise flat ER sheets that were identified by 
STED imaging of the luminal marker Halo-KDEL (Fig. S1, G and 
H). Rtn4-SNAPEN localization to nanoholes in flat sheets (Fig. S1 
G) was distinct from membrane structures resembling clustered 
tubules that contain Rtn4-SNAP throughout (Fig. S1 H, arrow). 
We conclude that Rtn4 associates with nanoholes in otherwise 
uniform ER sheets.

To determine whether nanoholes are stable or dynamic fea-
tures of ER sheets, we took advantage of the rapid scan speed 
of the STED microscope’s resonant scanner in bidirectional scan 
mode (16,000 scanned lines per second) to capture 4.8 µm × 100 
nm regions in 5 ms (Fig. 1, G–I; and Video 1). By combining the 
high spatial resolution provided by STED with excellent local 
temporal resolution, this approach was comparable with imaging 
of similar regions in the ER by structured illumination (Fig. S1 I 
and Video 2) but provided the superior spatial resolution needed 
to clearly detect and track nanoholes (Fig. 1, H and I; and Video 1). 
This method shows that nanoholes can be extremely mobile in 
the plane of ER sheets (Fig. 1 I). Tracking individual holes (n = 24 
holes of n = 1 cell), we found that approximately half of nanoholes 
persisted during the time course of the video. Surprisingly, the 
remaining half of tracked nanoholes appeared, disappeared, or 
both during the time course of the video (Fig. 1 I and Video 1). 
These data suggest that the majority of nanoholes are transient 
or change between diameters above and below our resolving 
power on subsecond time scales.

To accurately characterize nanohole architecture in the con-
text of other ER structures, we measured the resolution pro-
vided by STED microscopy. Rather than relying on measuring 
bead samples that are not directly comparable with our live-cell 
imaging experiments, we used a recently developed method that 
determines the resolution of STED images of living cells from the 
image itself (Barentine et al., 2018). Our measurements deter-
mined a STED xy resolution of 49.3 ± 5.0 nm (mean ± SD; Fig. 2 A; 
full width at half maximum [FWHM] of the point-spread func-
tion [PSF]), compared with ∼250-nm confocal resolution. This 
resolution facilitates the visualization of nanoholes in ER sheets 
(Fig. 1 B, right, magenta box; and Fig. 1 C) as well as clustered ER 
tubular structures (Fig. 1 B, right, green box; and Fig. 1 D) also 
observed by structured illumination microscopy (Nixon-Abell et 
al., 2016). Accounting for both the expected labeling of the struc-
ture, and the PSF of the microscope, we accurately determined 
the diameter of ER tubules in living cells (Fig. 2, B–D; and Fig. S2, 
A and B; Barentine et al., 2018). We found that membrane-labeled 
ER tubules in live COS-7 cells are 96 ± 17 nm in diameter (mean 
± SD; n = 300 tubules) with values as small as 48 nm and as large 
as 144 nm (Fig. 2 D). Using the same analysis on ER tubule data 
with luminal labeling yielded consistent diameters (Fig. S2, A 
and B). This range in values is in agreement with measurements 
of membrane-labeled tubules in fixed cells imaged at 20-nm res-
olution in x, y, and z dimensions with 4Pi single-molecule switch-
ing nanoscopy (4Pi-SMSN; Fig. 2, E–I; 79 ± 11 nm; mean ± SD; as 
small as 54 nm and as large as 101 nm; n = 45 tubules in Fig. 2 H; 
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Huang et al., 2016). Accounting for 20% shrinkage from solvent 
dehydration used in EM sample preparation, our STED and 4Pi-
SMSN measurements are close to the ER tubule dimensions in 
EM samples (Terasaki [2018] reported ER tubules in the interca-
lated ducts of mouse salivary glands frequently 60 nm diameter 
but ranged from ∼25 to ∼90 nm). Additionally, examination of xz 
views of ER sheets and tubules in 4Pi-SMSN images corroborated 
that ER tubules can have different diameters (Fig. 2 G) as well as 
the presence of ER regions made up of clustered tubules (Fig. 2 I, 
top, xz view).

We noticed that compared with the diameter of tubules, the 
luminal width between membrane sheets imaged by 4Pi-SMSN 
appeared markedly narrower (Fig. 2 I, xz views). This observa-

tion is in agreement with the difference in signal intensity in 
sheets versus tubules in STED images of SNAP-KDEL: the signal 
intensity of SNAP-KDEL is roughly proportional to the thick-
ness of the luminal volume because the z resolution of the STED 
microscope over which the signal is accumulated in the depth 
direction is much larger than the thickness of a single ER tubule 
or sheet (∼600 nm z resolution versus 50–140 nm ER lumen 
thickness in Fig. 2 D; Eggeling et al., 2013). Line profiles drawn 
across images of ER sheets and tubules show clear differences 
in the SNAP-KDEL signal intensity between areas identifiable 
as uniform sheets and tubules (Fig. 2, J–L). The observed lower 
signal in ER sheets versus tubules (Fig. 2, K and L) suggests that 
the thickness of ER sheets in living cells is ∼30–50 nm (Fig. S2, 

Figure 1. Dynamic nanoscale-sized holes in 
ER sheets. (A–D) Overview and magnified con-
focal and STED images of COS-7 cell expressing 
Halo-KDEL. White arrowhead in right panel of B 
shows uniform sheet region near holes (magenta 
box; magnified in C). Green boxed regions show 
clustered tubules. Boxed regions in subsequent 
magnified live images may be slightly shifted 
because of ER movements. (E) STED images of 
COS-7 cells expressing SNAP-KDEL acquired 
every 250 nm along the z axis near the NE. 
Magnified STED images show nanoscale-sized 
holes in the NE (red box) and ER sheet adjacent 
to the NE (orange box). (F) STED image of fixed 
U2OS cells expressing SNAP-Sec61Bβ (magenta) 
and immunolabeled for endogenous Rtn4B/D 
(green). Arrow in magnified image points to a 
nanohole that contains Rtn4, and arrowhead 
points to a uniform sheet region devoid of Rtn4. 
(G) STED image acquisition schematic. (H) Con-
focal image and magnified STED image of COS-7 
cell expressing SNAP-KDEL. Blue rectangular 
region in magnified image outlines the 4.8 × 
1.2-µm region imaged live with smaller magenta 
boxed region of the video shown in H. (I) Select 
STED images from time-lapse series paired with 
images pseudocolored to highlight manually 
tracked nanoholes during time course of video. 
n = 24 holes of n = 1 cell. Time shown in seconds.
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C and D), which is consistent with narrow ER sheet thickness in 
samples imaged by 4Pi-SMSN (Fig. 2 I) and previous EM studies 
on fixed mammalian samples (55 ± 9.3 nm, Shibata et al., 2010; 
48 ± 8 nm helicoid sheets, Terasaki et al., 2013; 24 ± 0.4 nm thin 
cortical ER, Orci et al., 2009).

We used the signal intensity of SNAP-KDEL to confirm that 
nanoholes are within uniform sheets and not gaps between tu-
bules. The intensity of regions between nanoholes is similar to 
the signal intensity of uniform sheets and usually lower than 
the signal intensity of tubules (Fig. 2, M and N). Additionally, 

Figure 2. Analysis of ER tubules, sheets, and nanoholes with superresolution microscopy. (A) Plot of calculated PSF FWHM of STED microscope. Mea-
surements taken from two cells per day; n = 4 imaging days; each point is from n = 50 profiles. FWHM, mean ± SD. (B and C) Live STED images of ER tubules 
labeled with SNAP-Sec61β. Arrowheads mark ER lumen. Dashed rectangle represents region used to generate fluorescence intensity line profiles to calculate 
tubule diameters in D. (D) Histogram of ER tubule diameters in living cells. n = 300 tubule profiles; n = 3 imaging days. 50 SNAP-Sec61β-labeled tubule profile 
measurements taken from each cell; two cells per day; diameter = mean ± SD. (E–G) Overview and cross sections of ER network in fixed COS-7 cell express-
ing GFP-Sec61β imaged with 4Pi-SMSN. Regions marked by dashed lines in xy view in F are shown as xz views of 20-nm-thick y slices shown in G and I. (H) 
Histogram of ER tubule diameters labeled with SNAP-Sec61β in fixed cell. n = 45 tubule profiles. Mean ± SD is shown. (I) xz view of 20-nm thick y slices of 
regions marked by blue dashed line in F. (J–N) Overview and magnified STED images of ER network. Orange line in K and M represents 5-pixel-wide fluores-
cence intensity line profile shown in L and N. Magenta arrows mark ER tubules, green bars mark uniform ER sheets, and cyan arrows mark ER regions flanking 
nanoholes. Line profiles in L and N are from raw image (black dots), and image was smoothed with a uniform 3 × 3 filter (orange line). Traces are from one cell.
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the distance between nanoholes varies over a wide range and is 
usually larger than the diameter of a tubule (Fig. S2, E–I). The 
minimum intensity within nanoholes is well above background 
level compared with gaps between tubules, indicating the small 
size of nanoholes (Fig. S2, F–I). Together, these data, combined 
with high spatial resolution that resolves gaps larger than a few 
tens of nanometers, and temporal resolution that shows per-
sistent nanoholes, provide further evidence that we can detect 
nanoholes in ER sheets in living cells.

To test whether reticulons have a role in generating and/or 
maintaining nanoholes in ER sheets, we used CRI SPR-Cas9 tech-
nology to generate Rtn4 knockout (KO) human U2OS cells (Fig. 
S2 J) and codepleted the redundant Rtn1 and Rtn3 using siRNA 
(Figs. 3 and S2 K). Cells lacking reticulons formed large sheets 
that extend to the edge of the cell and a few remaining tubules 
(Figs. 3 B and S2 K), similar to what has been previously reported 
(Anderson and Hetzer, 2008; West et al., 2011). ER sheets gener-
ated in the absence of reticulons were uniform and completely 
devoid of nanoholes (Fig. 3, B and C). The stark contrast between 
Fig. 3 B and images of nonuniform sheets with nanoholes (Figs. 
3 A and 1, B–F and H) highlights the ability of the microscope 
and SNAP-KDEL labeling to reliably discern uniform sheets from 
those with nanoholes. These data, together with the localization 
of Rtn4 to curved edges of nanoholes (Fig. 1 F), demonstrate that 
reticulon family members are essential for the formation and/or 
stability of curved edges surrounded by membrane sheets of the 
ER to generate nanoholes.

To gain a more comprehensive understanding of how other 
ER shaping proteins and the microtubule cytoskeleton affect the 
nanoscale architecture of the ER, we developed a semiautomated 
algorithm using watershed transformation that detects hole bor-
ders to measure the size and shape of holes within the ER (Fig. 4, 
A–E; and Fig. S3, A–F). As a reference, we applied the algorithm to 
analyze holes in the NE that contain NPCs (Fig. S1, B and C). The 
shape and size of holes in ER sheets varied greatly compared with 
the tight distribution of NE holes where NPCs are inserted (Fig. 4, 
D and E; and Fig. S3, A–D). This difference suggests that nano-
holes in ER membrane sheets are regulated by mechanisms that 
are distinct from those responsible for stabilizing NPCs in the NE.

Next, we tested how changing the abundance of sheets rel-
ative to tubules affects the nanoscale architecture of the ER, 
with a focus on the distribution of the sizes and shapes of holes 
within the ER. Holes were manually identified, only excluding 
large holes several hundred nanometers in diameter bounded by 
tubules and those that segmented poorly (Fig. S3, E and F). We 
increased sheet abundance by overexpressing the intraluminal 
spacer Climp63 (Shibata et al., 2010) or treating cells with the 
microtubule-depolymerizing drug nocodazole. In control COS-7 
cells, flat ER sheets that juxtaposed nanoholes had dim SNAP-
KDEL intensity relative to the increased brightness at thicker 
sheet edges and tubules (Fig. 4 A, right) as observed before (Fig. 2, 
K–N). Proliferated sheets induced by Climp63 overexpression 
were rife with nanoholes and featured remarkably uniform 
SNAP-KDEL signal levels in areas between nanoholes and at the 
sheet edge, indicating even ER thickness (Fig. 4 B; compare with 
Figs. 4 A or 2 J). Our analysis of hole diameters showed that holes 
in Climp63-overexpressing cells were close in size to holes in the 

NE (median values 102 and 111 nm, respectively, vs. 133 nm in 
unperturbed cells; Fig. 4, A, B, and E). Endogenously tagged Rtn4-
SNAPEN localized to nanoholes in Climp63-induced sheets and 
was absent from flat membrane regions (Fig. S3, G–I).

In contrast, STED images of nocodazole-treated cells revealed 
ER structures with varying SNAP-KDEL intensity throughout 
(Fig. 4 C). These structures included regions with bright, uni-
form KDEL intensity (indicating uniformly thick sheets), dim-
mer regions with nanoholes (indicating sheets with nanoholes), 
and regions with bright SNAP-KDEL intensity that contained 
holes directly adjacent to each other (indicating a packed tubular 
network). The broader distribution of hole symmetry (Fig. 4 D) 
and the localization of Rtn4 throughout the network (Fig. S3, J–L) 
further reflect the change in ER morphology in the absence of mi-
crotubules. The changes in ER morphology revealed by STED are 
in contrast with the long-assumed view based on conventional 
light microscopy approaches that depolymerization of microtu-
bules causes the tubular ER to coalesce into sheets (Terasaki et al., 
1986; Lu et al., 2009). We conclude that Climp63 and microtubules 

Figure 3. Uniform sheets devoid of nanoholes form in the absence of 
reticulons. (A and B) Overview confocal and magnified STED images of 
SNAP-KDEL–labeled ER network in control and CRI SPR-Cas9–KO Rtn4 U2OS 
cells under indicated RNAi conditions. (C) Plot represents percentage of cells 
with indicated ER sheet phenotypes (nonuniform, detectable nanoholes; 
uniform, no detectable nanoholes) for indicated conditions. Error bars show 
standard deviation. No statistical significance test was performed.
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modulate the distribution of ER membrane structures within a 
continuum that includes flat sheets with nanoholes and packed 
ER tubular networks and that at the extremes forms uniform 
sheets and tubules.

With regard to dynamics, we reasoned that increasing the 
abundance of Climp63, which has been reported to multimerize 
into clusters with low mobility (Klopfenstein et al., 2001), may 
corral nanoholes in ER sheets and limit their ability to travel in 
the plane of the sheet. We were able to manually track a greater 
number of nanoholes in Climp63-induced sheets than in un-
treated cells (Fig. 4, F and G; compared with Fig. 1, H and I), and 
a greater percentage of nanoholes persisted over the imaging 

time course (80%; n = 59 holes of n = 1 cell; Fig. 4 G and Video 3). 
These data indicate that the dynamics of nanoholes in ER sheets 
are strongly influenced by Climp63. The increased persistence 
of nanoholes in ER sheets induced by Climp63 overexpression 
provides further evidence that nanoholes in ER sheets can be 
distinguished from highly dynamic tubules that form matrices 
in the cell periphery (Nixon-Abell et al., 2016).

We have defined the nanoscale architecture of the ER using 
live-cell STED to establish a baseline for the morphology and 
dimensions of ER membranes in living cells. The xy resolution 
provided by STED microscopy (∼50 nm) reveals ER membrane 
structures that are otherwise not visible by confocal microscopy. 

Figure 4. Analysis of the role of Climp63 and 
microtubules on the nanoscale architecture 
of ER membranes. (A–C) Confocal images of 
SNAP-KDEL in living COS-7 cells (left) and STED 
image of magnified boxed region (right) in indi-
cated conditions. (D and E) Plot of hole symme-
try (unitless) and hole-equivalent diameter in 
indicated conditions. Median and interquartile 
range are shown with whiskers drawn down to 
the 10th percentile and up to the 90th percentile. 
Median and interquartile range for hole symme-
try: NE, 0.77, 0.13; Unperturbed, 0.71, 0.21; GFP-
Climp63 overexpressing (OE), 0.71, 0.19; and 
nocodazole treatment, 0.66, 0.23. Median and 
interquartile range for diameter in nm: NE, 111, 
22; Unperturbed, 133, 53; GFP-Climp63 overex-
pression, 102, 26; and nocodazole treatment, 
133, 47. Measurements for each plot were taken 
from NE, n = 97 holes, n = 3 cells; Unperturbed, 
n = 424 holes, n = 2 cells; GFP-Climp63, n = 601 
holes, n = 3 cells; and nocodazole treatment, n 
= 713 holes, n = 4 cells. Kruskal–Wallis test with 
a post hoc Dunn’s test for multiple comparisons 
determined significance. (F) Overview confocal 
images and magnified STED image of ER network 
in a living COS-7 cell expressing GFP-Climp63 
(green) and SNAP-KDEL (grayscale). Dashed blue 
line in magnified STED image outlines the 4.8 × 
1.2-µm region imaged over time. The region out-
lined by the dashed magenta boxed is shown in G.  
(G) Select STED images paired with pseudocol-
ored image and image overlay (third column) to 
highlight a manually tracked nanohole that per-
sists over time. Time shown in seconds.
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Our images show that the peripheral ER is not limited to uniform 
sheets and tubular networks but contains a continuum of diverse 
membrane structures including dynamic nanoholes in ER sheets 
that coexist with uniform regions. Nanoholes are equivalent to 
fenestrations in fenestrated ER sheets that were first introduced 
by Palade (1955) over 60 yr ago. Our STED microscopy approach 
unequivocally demonstrates that nanoholes exist in ER sheets in 
living cells. Our observation agrees with more recent research 
showing the presence of fenestrated ER sheets using serial block 
face scanning EM (Puhka et al., 2012).

Our images reveal the complete loss of nanoholes in cells 
deleted of Rtn4 then codepleted of Rtn1 and Rtn3. These data, 
combined with the fact that Rtn4 localizes to the curved edges of 
nanoholes in ER sheets, indicate that reticulons are essential to 
generate and/or maintain nanoholes in membrane sheets of the 
ER. Given that Rtn4 is a curvature stabilizing protein (Voeltz et 
al., 2006), its presence in nanoholes in the middle of a sheet may 
contribute to determining and stabilizing sheet thickness.

The fact that nanoholes have sheet-like as well as tubule-like 
morphological features allows for a diverse range of mechanisms 
to explain how they are created and resolved. In addition to ma-
chinery that might facilitate membrane fusion or fission simi-
lar to those postulated for NPC insertion and hole closure in the 
NE (Rothballer and Kutay, 2013; Otsuka et al., 2016; Vietri et al., 
2016), processes that enable ER tubule fusion and fission may 
control nanohole creation or removal within sheets (see model 
in Fig. 5, A and B; Hu et al., 2009; Orso et al., 2009; Shibata et 
al., 2009). Future work is required to unravel the mechanism of 
nanohole formation and closure and determine the role of retic-
ulons in this process.

We show that nanoholes in ER sheets are comparable in their 
dimensions to holes in NE occupied by NPCs, but unlike NPCs, 
they can take on a large range of shapes and diameters. Recent 

work showed that NPCs assemble in preexisting holes in ER- 
derived nuclear membranes during NE reformation in mitosis 
(Otsuka et al., 2018). It is attractive to consider that nanoholes 
in ER sheets provide holes for NPC assembly upon mitotic exit. 
In support of this idea, reticulons have been proposed to stabi-
lize holes in the NE before NPC assembly (Anderson and Hetzer, 
2008; Dawson et al., 2009), and holes in ER sheets have been ob-
served in fixed mitotic cells (Puhka et al., 2007, 2012).

The fact that reticulons are able to form ER tubules as well 
as nanoholes leads us to speculate that nanoholes in ER sheets 
could act as a readily available reservoir for curvature-stabiliz-
ing proteins, such as Rtn4, that facilitate tubule formation and 
thereby support morphological changes to the ER more quickly 
than through protein or lipid synthesis or interorganelle trans-
fer. To investigate how the amount of curved membrane changes 
as a function of its morphology, we developed a simple geometric 
model of the ER consisting of a single disk-shaped sheet with an 
adjustable number of nanoholes (100-nm inner diameter) and a 
100-nm-diameter ER tubule of variable length extending from 
it (Fig. 5 C). We assumed 30-, 50-, and 100-nm-thick ER sheets. 
We exclude lipid synthesis or interorganelle transfer from our 
model by assuming that the total surface area of the modeled 
ER is constant and any change in surface area resulting from tu-
bule or nanohole addition is compensated by an adjustment of 
the sheet disk diameter, which is initially 5 µm. Using this geo-
metric model with a 50-nm-thick sheet, we determined that 10 
nanoholes store the same curved membrane area as ∼1 µm of ER 
tubule (Fig. 5, C–E). These calculations show that a modest num-
ber of nanoholes contain sufficient curvature to support tubule 
extension or retraction without changes in the total number of 
curvature-stabilizing proteins or lipids.

Thus, in addition to the abundance of curvature stabilizing 
proteins and bilayer lipids in dictating ER morphology (Shibata 

Figure 5. Model for function and formation/
closure of nanoholes. (A) Schematic of possible 
mechanisms for nanohole formation. Top view of 
ER sheet with a dashed gray line indicating the 
region shown as a side profile below. Nanohole 
formation by loops that shrink (left) and/or fusion 
of membrane sheets across the ER lumen, gener-
ated or stabilized by reticulons. (B) Schematic of 
possible mechanisms for nanohole closure. Dif-
fusion of curvature-stabilizing proteins to sheet 
edge and subsequent tubule extension (left). 
Region marked by dashed red box is displayed 
as a tilted 3D structure to show that when nano-
holes approach the edges of a sheet, the curved 
edge of a nanohole will be directly adjacent to 
the curved sheet edge. Potential mechanism of 
nanohole closure by fission machinery (right). 
(C) Schematic of geometries used to model the 
ER for nanohole function in tubule extension. (D) 
Plot of curved fraction of surface area as number 
of holes and tubule length are varied with the 
total surface area held constant. (E) Three points 
on the red isocline in D, coordinates marked 
with square, triangle, and circle, are drawn to 
scale with the appropriate number of holes and 
length of tubule.
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et al., 2010), nanoholes may provide a way to alter local ER mor-
phology and dynamics on rapid time scales. The high mobility 
of nanoholes allows for their rapid diffusion to the sheet edge so 
that reticulons stored in nanoholes could easily assemble onto 
growing ER tubules or morph into tubular matrices. Altering 
local ER morphology by adding or removing nanoholes may be 
important to ER functions that are specific to the cell periphery, 
especially at locations far away from the site of transcription or 
translation, such as at remote neuronal processes, and offers a 
possible mechanism to quickly react to cellular demands.

In conclusion, we demonstrate the existence of dynamic na-
noscale-sized fenestrations in ER sheets for the first time in living 
cells. Our data show that nanoholes in sheets are distinct from 
uniform sheets and ER matrices (Nixon-Abell et al., 2016). We 
suggest that nanoholes represent an element of a local contin-
uum of membrane structures that make up subdomains of the 
ER, providing an explanation for the ER membrane morphologies 
described by others in fixed cells (Palade, 1955; Puhka et al., 2007, 
2012; West et al., 2011) and in live cells (Nixon-Abell et al., 2016) 
that diverge from textbook definitions of ER sheets and tubules. 
Additionally, we find that ER sheets are present at the cell periph-
ery as has been reported by others using conventional and EM ap-
proaches (Shibata et al., 2009, 2010; Puhka et al., 2012; Terasaki et 
al., 2013). ER morphology is linked to human disease (Westrate et 
al., 2015), and thus the prominence of nanoholes as a membrane 
feature of the ER in living cells provides a more comprehensive 
view of ER structure that may contribute to our future under-
standing of the relationship between ER structure and disease.

Materials and methods
Cell culture
COS-7 (CRL-1651; ATCC) cells were grown in phenol red–free 
DMEM (Gibco) + 10% FBS (Gibco) in a standard mammalian cell 
incubator. U2OS (HTB-96; ATCC) cells were grown in phenol 
red–free McCoy’s 5A medium (GE Healthcare) + 10% FBS. U2OS 
cells stably expressing GFP-Sec61β were provided by T. Rapoport 
(Harvard University, Boston, MA). All cells were cultured using 
0.05% trypsin (Gibco) to split and subculture. DNA plasmids 
were transfected using Super Electroporator NEPA21 Type II 
(Nepa Gene). Electroporation was performed on 106 cells that 
were suspended in OptiMEM (Gibco) and 1–10 µg DNA, depend-
ing on the desired expression level, in electroporation cuvettes 
that had a 2-mm gap (12358-346; Bulldog Bio). Cells were electro-
porated using the following program: 125-V poring pulse, 3-ms 
pulse length, 50-ms pulse interval, two pulses, with decay rate of 
10% and + polarity, followed by a 25-V transfer pulse, 50-ms pulse 
length, 50-ms pulse interval, five pulses, with a decay rate of 40% 
and ± polarity. Cells were imaged 12–48 h after electroporation.

In microtubule destabilization experiments, cells were treated 
with 33 µM nocodazole for 30 min at 37°C in a mammalian cell in-
cubator. Samples were imaged for up to 30 min in the presence of 
nocodazole so no cells were exposed to 33 µM nocodazole for >1 h.

Plasmids
Luminal ER labeling plasmids were made from pDsRed2-ER (Ta-
kara Bio Inc.), which contains a signal sequence preceding the 

DsRed2 gene fused to the sequence encoding the tetrapeptide 
KDEL. The Halo-KDEL plasmid was made by removing the se-
quence for DsRed2 using AgeI and HindIII restriction endonu-
cleases (New England Biolabs). The HaloTag7 (Halo) sequence 
was amplified using the primers 5′-ATA CCG GTC GAT GGC AGA 
AAT CGG TAC TGG CTT TC-3′ and 5′-CTG AAG CTT TTA CAG CTC GTC 
CTT CTT GCC GGA AAT CTC GAG CGTC-3′, digesting both amplified 
Halo and pDsRed2-ER using AgeI and HindIII, and ligating Halo 
into the larger pDsRed2-ER backbone fragment. The SNAP-KDEL 
plasmid was made similarly using the primers 5′-ATA CCG GTC 
GAT GGA CAA AGA CTG CGA AAT GAA GCG-3′ and 5′-CTG AAG CTT 
TTA CAG CTC GTC CTT CTT ACC CAG CCC AGG CTT GC-3′ to amplify 
SNAP-tag (SNAP). SNAP-Sec61β and Halo-Sec61β were made as 
reported by Bottanelli et al. (2016). GFP-Sec61β was a gift from 
M. Davidson (deceased, formerly Florida State University, Tal-
lahassee, FL; Addgene plasmid 54249; mEmerald-Sec61-C-18). 
GFP-Climp63 (AcGFP1-MsClimp63) was provided by T. Rapoport.

Reagents
For information on reagents, see Table S1.

CRI SPR/Cas9 genome editing
All guide RNA (gRNA) sequences were designed using the online 
CRI SPR tool (http:// crispr .mit .edu), which reported no off-target 
matches (protospacer-adjacent motif [PAM] sequence is under-
lined): RTN4EN-SNAP, 5′-AAA CGC CCA AAA TAA TTA GTAGG-3′; 
Nup160EN-Halo, 5′-CAC GGG ATT TAT TAT ATC GTCGG-3′; and RTN4 
KO, 5′-CGT TCA AGT ACC AGT TCG TGAGG-3′. For RTN4EN-SNAP, 
the gRNA (listed above) was chosen to target the RTN4 genomic 
locus (gene ID: 57142) directly after the stop codon. The gRNA 
sequence was synthesized as part of a 445-bp gBlock of DNA 
(Mali et al., 2013), which contains a U6 promoter, target se-
quence, gRNA scaffold, and termination sequence required for 
gRNA expression with the following sequence: 5′-TGT ACA AAA 
AAG CAG GCT TTA AAG GAA CCA ATT CAG TCG ACT GGA TCC GGT 
ACC AAG GTC GGG CAG GAA GAG GGC CTA TTT CCC ATG ATT CCT 
TCA TAT TTG CAT ATA CGA TAC AAG GCT GTT AGA GAG ATA ATT AGA 
ATT AAT TTG ACT GTA AAC ACA AAG ATA TTA GTA CAA AAT ACG TGA 
CGT AGA AAG TAA TAA TTT CTT GGG TAG TTT GCA GTT TTA AAA TTA 
TGT TTT AAA ATG GAC TAT CAT ATG CTT ACC GTA ACT TGA AAG TAT 
TTC GAT TTC TTG GCT TTA TAT ATC TTG TGG AAA GGA CGA AAC ACC 
GAA CGC CCA AAA TAA TTA GTG TTT TAG AGC TAG AAA TAG CAA GTT 
AAA ATA AGG CTA GTC CGT TAT CAA CTT GAA AAA GTG GCA CCG 
AGT CGG TGC TTT TTT TCT AGA CCC AGC TTT CTT GTA CAA AGT 
TGG CAT TA-3′. This gBlock was amplified to increase DNA quan-
tity with primers that anneal to the first and last 20 bp of the 
above sequence.

A homology-dependent repair (HDR) template was generated 
to add linker and SNAP sequences to the RTN4 gene, fusing SNAP 
tag to the C terminus of all RTN4 isoforms (Fig. S1 F). The HDR 
template was engineered using pSNAP-N1 as the starting plas-
mid. The pSNAP-N1 was synthesized by amplifying SNAP with 
the forward primer 5′-CTA CCG GTC GCC ACC ATG GAC AAA GAC 
TGC GAA ATG AAGC-3′ and reverse primer 5′-TCG CGG CCG CTT 
TAA CCC AGC CCA GGC TTGC-3′. The SNAP gene was then digested 
with AgeI and NotI (New England Biolabs) and subsequently li-
gated into peGFP-N1, which had the GFP gene removed when it 
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was digested with the same restriction endonucleases. The left 
homology arm, containing ∼1 kb of genomic sequence upstream 
of the cut site and the linker 5′-GGT GGT TCT GGT GGT GGT TCT 
GGT-3′ (modified from http:// parts .igem .org/ wiki/ index .php/ 
Part: BBa _K243006), was amplified and inserted into NdeI and 
ApaI (New England Biolabs) linearized pSNAP-N1 using Gibson 
assembly. The right homology arm, containing ∼1 kb of sequence 
downstream of the genomic cut site, was inserted into BsaI (New 
England Biolabs) linearized plasmid from the previous step using 
Gibson assembly. The right homology arm was inserted into the 
plasmid after the Neo/Kan resistance cassette, allowing the selec-
tion of successful recombination using the drug G418/Geneticin 
(Gibco). The exonic region in the HDR template plasmid identical 
to the PAM site of the gRNA was changed to create a silent muta-
tion, preventing repeated cutting by Cas9 after HDR.

pSpCas9 (PX165) was a gift from F. Zhang (Massachusetts 
Institute of Technology, Cambridge, MA; Addgene plasmid 
48137; Ran et al., 2013). U2OS cells were simultaneously trans-
fected using Lipofectamine 2000 (Invitrogen) with PX165, gRNA 
dsDNA gBlock, and the HDR template. G418 was added to the 
growth media 1 wk after transfection. After 2 wk of selection, 
cells with successful recombination were labeled with SNAP-
cell 647-SiR (SiR-BG; S9102S; New England Biolabs) and isolated 
using FACS to obtain single clones. Clones were genotyped via 
immunoblot and PCR.

NUP160EN-Halo
The NUP160 genomic locus (gene ID: 23279) was targeted directly 
after the stop codon. The gRNA sequence (listed above) was syn-
thesized as two oligonucleotides with BbsI overhangs and an ad-
ditional guanidine base 5′ to the protospacer sequence, and the 
oligonucleotides were phosphorylated with calf alkaline intes-
tine phosphatase (M0290; New England BioLabs) and annealed 
by heating to 95°C and cooling to room temperature. The an-
nealed oligonucleotides were cloned into pSPCas9(BB)-2A-Puro 
(PX459) v2.0 (a gift from F. Zhang; Addgene plasmid 62988; Ran 
et al., 2013) that had been digested with BbsI-HF (R3539; New 
England BioLabs). The HDR template was generated to add a 
five-glycine linker and HaloTag7 sequence to the 3′ end of the 
NUP160 gene, fusing Halo to the C terminus of all NUP160 iso-
forms. The HDR template was engineered using a four-piece 
Gibson assembly: (1) the vector backbone was pEGFP-N1 (Takara 
Bio Inc.) amplified with the following oligonucleotides so that 
the CMV promoter, MCS, and GFP sequence had been removed: 
forward primer 5′-CCT CCC CCT GAA CCT GAA AC-3′ and reverse 
primer 5′-GGC TAT GAA CTA ATG ACC CCGT-3′; (2) the left homol-
ogy arm, a gBlock containing 800 bp upstream of the NUP160 
stop codon with a silent mutation to the PAM sites of one can-
didate gRNA and a 5′-GGA GGC GGC GGC GGC-3′ linker and was 
flanked by 20-bp overhangs that overlapped with the pEGFP-N1 
backbone and HaloTag7; (3) HaloTag7 was amplified using the 
following oligonucleotides (a silent mutation in aspartic acid 
was included in the forward primer to facilitate amplification 
of the gene): forward primer 5′-ATG GAC CCG AAA TCG GTA CT-3′ 
and reverse primer 5′-GCC GGA AAT CTC TAG CGTC-3′; and (4) the 
right homology arm, a gBlock containing 800 bp downstream 
of the NUP160 stop codon with two point mutations in the PAM 

sites of candidate gRNAs that was flanked by 20-bp overlap with 
HaloTag7 and the EGFP-N1 backbone.

The PX459 v2.0 vector containing the NUP160 guide and the 
HDR template were transfected into U2OS cells using Lipofect-
amine 2000 and treated with 3 µg/ml puromycin (Invitrogen) in 
DMEM low glucose with 10% FBS for 48 h. The cells were labeled 
with HaloTag TMR ligand (G8251; Promega) and sorted for the 
top 1% of fluorescent cells. These cells were plated at <100 cells/
ml into 10-cm dishes and grown in antibiotic-free DMEM low 
glucose with 10% FBS for 2 wk. Clonal cell lines isolated as colo-
nies were trypsinized, picked with 1/8-inch sterile cloning discs 
(Bel-Art), and grown to confluence in a T75 flask, after which the 
genomic DNA was harvested using QiaAmp Mini kit (Qiagen). 
Two primer sets were used to amplify regions containing the 
NUP160 genomic locus using the same forward primer 5′-AGC 
AGT TAC ACC TTA CAG CTTG-3′ (anneals upstream of left homol-
ogy region) and either reverse primer 1 5′-AGG ACT TCC ACA TAA 
TGG GG-3′ (anneals to HaloTag7) or reverse primer 2 5′-AAC TCA 
AGA AGG GTC AAA AGG CT-3′ (anneals downstream of right ho-
mology region). Clonal cell lines that exhibited an integration of 
the HaloTag as shown by PCR using reverse primer 1 as well as 
lack of the WT allele as shown by PCR using reverse primer 2 
were chosen for imaging. Protein lysates of the bulk and clonal 
populations were run on an 8% polyacrylamide gel and trans-
ferred to a nitrocellulose membrane for Western blot with rabbit 
anti-HaloTag (G9281; Promega) to confirm that the tagged pro-
tein is full length.

RTN4 KO
The gRNA sequence (listed above) is located near the beginning 
of the reticulon homology domain common to all isoforms of 
RTN4 (gene ID: 57142) in the first exon of RTN4C. The guide was 
cloned into PX459 v2.0 as described for NUP160EN-Halo. This vec-
tor was transfected into U2OS cells using Lipofectamine 2000 
and selected with 3 µg/ml puromycin (Invitrogen) for 48 h. The 
remaining cells were grown, and bulk population genomic DNA 
was isolated for genotyping by sequencing and screening for in-
dels by Tracking of Indels by Decomposition (TIDE) deconvolu-
tion (Brinkman et al., 2014) using the primers listed below. Once 
indels were detected in the bulk population, the cells were plated 
at <100 cells/ml into 10-cm dishes and grown in antibiotic-free 
DMEM with 10% FBS for 2 wk. Colonies of clonal populations 
were trypsinized, picked with 1/8-inch sterile cloning discs (Bel-
Art), and grown in 24-well plates until cells could be harvested 
for genomic DNA harvesting and PCR analysis using PCR with 
the forward primer 5′-TTC GTG GTC AAA AAT AAA GGT GTT-3′ and 
reverse primer 5′-TCC TCA TCA AAC CTA CCC ATG TT-3′. The clonal 
cell line used in experiments had a 5-bp deletion in >80% of al-
leles and 0% WT alleles as determined by TIDE deconvolution of 
sequencing. Cell lines also showed no expression of RTN4 B or D 
by immunoblot (Fig. S2 J).

RNAi
WT or Rtn4-KO U2OS cells were plated into 35-mm imaging 
dishes (250,000 cells/dish). After 20 h, the WT cells were trans-
fected with 80 nM Ambion Silencer Select negative control 1 
siRNA (4390843), and the Rtn4KO cells were treated with 40 
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nM RTN1 Ambion Silencer Select Pre-designed siRNA (s12378) 
and 40 nM RTN3 Ambion Silencer Select Pre-designed siRNA 
(s20162) according to the DharmaFECT protocol. After 24  h, 
medium was replaced, and cells were transfected with 2 µg 
SNAP-KDEL using Lipofectamine 2000 according to the man-
ufacturer’s protocol. Medium was replaced after 6 h, and cells 
were imaged 24 h later.

Phenotype criteria for KO/knockdown
WT or Rtn4KO U2OS cells treated with siRNA and transfected 
with SNAP-KDEL were labeled with SiR-BG before acquir-
ing STED images of live cells. Multiple STED images of sheet- 
containing subregions of a cell, with a 9.7 × 9.7-µm field of view, 
were acquired if the cell was labeled with SiR-BG without ob-
vious SNAP-KDEL overexpression artifacts (fluorescent clumps 
or inflated-looking ER tubules) and if the cell contained a single 
intact nucleus. To score the phenotypes shown in Fig. 3 C, STED 
images were evaluated by H. Merta and L.K. Schroeder to first 
determine whether any subregion of the cell was enriched with 
sheets. Cells enriched with ER sheets were required to have at 
least one subregion with a continuous large sheet that spanned 
one side of the image and with at least one sheet subregion with 
uniform SNAP-KDEL intensity. Cells were then scored as con-
taining only uniform sheets or containing nonuniform regions 
that have nanoholes and other structures. Nonuniform sheets 
fit all of the following criteria: (a) had at least one identifiable 
hole, (b) had holes where the fluorescence intensity around the 
hole was less than the intensity at the edge of sheet and with 
the hole minimum intensity less than sheet intensity, and (c) 
had at least one hole that was not at the outer edge of a sheet. 
If the SNAP-KDEL intensity in a cell was too dim to determine 
whether the sheet contained features, the cell was marked 
as not scorable.

Immunofluorescence and antibodies
Cells were fixed and immunolabeled similar to COS-7 ER samples 
described by Huang et al. (2016). Briefly, cells were fixed with 
3% paraformaldehyde (15710; Electron Microscopy Sciences) 
+ 0.1% glutaraldehyde (16019; Electron Microscopy Sciences), 
permeabilized with 0.3% IGE PAL CA-630 (18896; Sigma- 
Aldrich) + 0.05% Triton X-100 (T8787; Sigma-Aldrich), and 
blocked with goat or donkey normal serum (Jackson ImmunoRe-
search). For Fig. 1 F, goat anti-Rtn4 (Nogo N-18; sc-11027; Santa 
Cruz Biotechnology) was labeled with custom-labeled second-
ary antibody: unlabeled donkey anti-goat antibodies (Jackson 
ImmunoResearch) were labeled per manufacturer’s directions 
with Atto594 NHS ester (Sigma-Aldrich). Goat anti-Rtn4 was 
imaged in cells that transiently expressed SNAP-Sec61β, which 
was labeled with SiR-BG in living cells (see Preparation for 
live-cell imaging section). For 4Pi-SMS (Fig.  2, E–I) and STED 
imaging of overexpressed GFP-Sec61β (Fig. S1, B–D), GFP was 
immunolabeled with rabbit anti-GFP (A-11122; Invitrogen) and a 
secondary goat anti-rabbit Alexa Fluor 647 (A-21245; Invitrogen) 
for 4Pi-SMS or Atto594 antibody (77671-1ML-F; Sigma-Aldrich) 
for STED imaging. Immunoblots were probed with rabbit 
anti-HaloTag (G9281; Promega) or goat anti-Rtn4 (sc-11027; 
Santa Cruz Biotechnology).

Preparation for live-cell imaging
For live-cell imaging, cells were seeded on glass-bottomed dishes 
(35 mm; no. 1.5; MatTek). Cells expressing SNAP or Halo-tagged 
proteins were labeled in growth medium immediately before im-
aging. SiR dye was used to label cells for live-cell STED imaging. 
SiR-BG (SNAP-cell 647-SiR; S9102S; New England Biolabs) and 
SiR-CA (gift from K. Johnsson, Max Planck Institute for Medical 
Research, Heidelberg, Germany; Lukinavičius et al., 2013) were in-
cubated with cells at a concentration of 1 or 0.25 µM, respectively 
for a minimum of 15 min and up to 1 h at 37°C to label cells. SNAP-
Cell Oregon Green (S9014S; New England Biolabs) and SNAP-Cell 
TMR-Star (S9015S; New England Biolabs) were labeled at 1 µM 
for confocal imaging. After labeling, cells were rinsed three times 
with fresh growth medium and then incubated in growth medium 
for a minimum of 15 min and up to 1 h at 37°C before imaging.

Preparation for 4Pi-SMS imaging
Coverglass was cleaned by sonication in 1 M KOH, rinsed with 
water, coated with poly-l-lysine (Sigma-Aldrich), and seeded 
with COS-7 cells that had been electroporated to express GFP-
Sec61β (see Cell culture methods). Cells were immunolabeled 
with rabbit anti-GFP and goat anti-rabbit Alexa Fluor 647 and 
then postfixed. Next, 100 nm fluorescent crimson beads (C47248 
[discontinued]; Invitrogen) were sparsely added to the top of the 
cell sample for microscope alignment. Samples were mounted in 
an aluminum sample frame with thiol-containing buffer (β-mer-
captoethanol, catalase, and glucose oxidase diluted in 50  mM 
Tris, pH 8.0, 50 mM NaCl, and 10% glucose) sandwiched between 
the cells on coverglass and an additional clean coverglass. Sample 
frames were sealed using two-component silicone putty (Pico-
dent Twinsil; Picodent).

Microscopy
To acquire live- and fixed-cell fluorescence microscopy images at 
∼50-nm resolution, we used STED microscopy, a superresolution 
microscopy technique independent of potentially artifact-induc-
ing image-processing algorithms. Living samples were imaged 
with 5% CO2 and heated to 37°C using a stage incubator and ob-
jective heater. Cells were imaged in Live Cell Imaging Solution 
(Invitrogen) supplemented with 15 mM d-glucose. Fixed STED 
samples were mounted in ProLong Diamond Antifade Mountant 
(Invitrogen) and imaged at room temperature. Images were ac-
quired if the labeled cell contained a single intact nucleus and did 
not show any obvious artifacts from overexpressing Halo-KDEL, 
SNAP-KDEL, or SNAP-Sec61β, which occur in the brightest cells 
as fluorescent clumps or inflated-looking ER tubules.

STED images were acquired using a Leica SP8 STED 3× 
equipped with a SuperK Extreme EXW-12 (NKT Photonics) 
pulsed white light laser as an excitation source and Onefive 
Katana-08HP pulsed laser as a depletion light source (775-nm 
wavelength). All images were acquired using a high-contrast 
Plan Apochromat 100× 1.40 NA oil CS2 objective and Application 
Suite X software (LAS X; Leica Microsystems). Line scan speed of 
8,000 Hz was used for live-cell imaging, and 1,000 Hz was used 
for fixed-cell imaging. Videos and some images were acquired 
with bidirectional scanning, which effectively yields 16,000-Hz 
scan speed. SiR was imaged with 633-nm excitation and 775-nm 
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depletion wavelengths. Atto594 was imaged with 594-nm exci-
tation and 775-nm depletion wavelengths. The depletion laser 
power was 111 mW at the sample for live and fixed STED images. 
SiR fluorescence emission light between 650 and 750 nm was 
collected with a HyD hybrid detector. Oregon Green was imaged 
with 488-nm excitation, and 500–575-nm fluorescence was col-
lected with a HyD hybrid detector. TMR was imaged with 554-
nm excitation, and 580–620-nm fluorescence was detected with 
a photomultiplier tube. The detection gate was set at 0.3–6 ns 
during STED imaging. The pinhole size was set to 1 Airy unit.

Images were acquired with 1,024-, 512-, or 256-pixel square 
fields of view, with the exception of videos in which a 256 × 
64-pixel field of view was used. All STED images had 18.9-nm 
pixel size. One-color live-cell videos were acquired with 70 ms 
per frame. The line sequential imaging mode was used for live-
cell two- and three-color imaging to avoid channel synchroni-
zation artifacts. All live-cell images were acquired using 16 line 
averages. Fixed images of NE and immunolabeled RTN4 were 
acquired with 32 line averages.

To acquire fixed-cell fluorescence microscopy images at 
20-nm x, y, and z resolution, we used 4Pi-SMSN. Fixed one-color 
4Pi-SMSN samples labeled with Alexa Fluor 647 were imaged as 
previously described (Huang et al., 2016). Briefly, the fluores-
cence emission was coherently collected by two opposing objec-
tives (100×/1.35, silicone oil immersion; Olympus) and imaged on 
a sCMOS camera (ORCA-Flash 4.0 V2; Hamamatsu Photonics). 
The samples were imaged at room temperature on the 4Pi mi-
croscope at 200 fps with an excitation laser (642 nm) intensity of 
∼15 kW/cm2. 4Pi image analysis was done as previously described 
(Huang et al., 2016). Custom-written LabVIEW software was used 
for acquisition. iSIM videos were acquired using a VT-iSIM (Visi- 
Tech; courtesy of BioVision Technologies) at room temperature 
and 15-ms frame acquisition times.

Image processing
Images were visualized, smoothed, and contrast-adjusted using 
ImageJ (National Institutes of Health) as described below. Al-
though displayed images are smoothed, all analysis was per-
formed on raw data. STED and confocal images were smoothed 
for display with a 1- and 3-pixel sigma Gaussian blur, respec-
tively, when using 18.9-nm pixel size. Low-magnification confo-
cal images were smoothed with a 1-pixel sigma Gaussian blur. 
Minimum and maximum brightness were adjusted linearly. 
Videos were bleach corrected using histogram matching. Man-
ual tracking with local minimum center correction was used to 
follow ER hole movement. For 4Pi-SMSN images, custom-written 
MatLab code was used to localize blinking fluorescently labeled 
molecules. Vutara SRX software was used for visualization.

Data analysis
To measure tubule diameters, 10-pixel-wide and at least 700-nm-
long line profiles were manually drawn perpendicular to the long 
axis of an ER tubule using ImageJ. Lines were drawn perpendic-
ular to straight regions of tubules. Fluorescence intensity and 
coordinate arrays were exported to Excel and saved for further 
analysis. We determined ER tubule diameters by fitting individ-
ual fluorescence intensity line profiles of labeled tubules to a 

function that combines the expected location of the dye and the 
PSF of the microscope. Line profiles were fitted with a projec-
tion of either an idealized surface-labeled cylinder or label-filled 
cylinder convolved with a Lorentzian PSF, iteratively changing 
both the tubule diameter and PSF FWHM values in a nested loop 
to find the best fit. We report diameter and PSF FWHM values 
that give the best fit by minimizing the squared error. For SNAP-
Sec61β–labeled membranes, we modeled the distribution of dyes 
as a uniform 4.5-nm-thick annulus, which accounts for the size 
of the SNAP-tag, and for GFP-Sec61β–labeled membranes, we 
modeled the dye distribution as a uniform 17.5-nm-thick annu-
lus to account for the size of primary and secondary antibodies 
(Weber et al., 1978; Barentine et al., 2018). Tubule diameter val-
ues measure the distance between the outer leaflets on either 
side of surface-labeled ER tubules or the distance between the 
inner leaflets for label-filled ER tubules. Tubule fitting and de-
termination of the microscope PSF was performed using the 
PYthon-Microscopy Environment (PYME) and the NEP fitting 
plugin described by Barentine et al. (2018). Because membrane 
and lumen-labeled tubule line profiles were fitted with different 
functions, the PSF widths used in tubule diameter measurements 
were optimized separately and yielded 50.9 nm (n = 6 cells; n = 
3 d) for membrane-labeled and 45.8 nm (n = 8 cells; n = 3 d) for 
lumen-labeled cells. For Fig. 2 A, the PSF fit was run separately 
for tubules from different cells on different days. We found that 
changing the PSF FWHM to other values within the range of 
per-cell PSF measurements (for all 49.3 ± 5.0 nm, mean ± SD; for 
membrane-labeled 53.0 ± 4.3 nm, mean ± SD; and for lumen-la-
beled 46.5 ± 3.6 nm, mean ± SD) does not have a substantial effect 
on the tubule diameter measurements.

Image brightness as shown in Fig. 2 (K–N) was analyzed with 
5-pixel-wide line profiles. Data points are shown in Fig. 2 (L and 
N) as intensity values from the raw image, whereas the fluo-
rescence intensity line profile shows data from the same image 
extracted after smoothing with a 3 × 3-pixel uniform filter. Be-
cause our xy resolution (∼50 nm) is roughly half the diameter of 
an ER tubule (Fig. 2, A and D), we can resolve intensity changes 
across the diameter of tubules. Our z resolution (∼600 nm) is 
sufficiently large to sample the full height of ER tubules or ER 
sheet structures. Thus, the intensity of the ER image allows us 
to distinguish thicker and brighter ER tubules that are ∼100 nm 
in diameter from thinner and dimmer ER sheets that are 30–50 
nm in thickness, assuming that the marker is evenly distributed 
throughout the ER lumen.

To measure holes (Fig. 4, D and E; and Fig. S3, A–F), holes in 
an ER sheet image were manually identified, only excluding large 
holes that clearly represent large loops of tubules several hun-
dred nanometers in diameter that are not holes in sheets. Holes, 
which include nanoholes as a subset, were defined as regions in 
ER-labeled cells that contain several dim pixels surrounded by 
brighter fluorescent regions. We specifically define nanoholes as 
those dim-pixel holes within uniformly labeled ER sheets (exam-
ple of uniform sheet intensity shown as green bars in Fig. 2, K–N), 
with hole boundaries >100 nm in the xy plane (mean thickness 
of an ER tubule; Fig. 2 D), and easily distinguishable from dense 
tubular networks based on their fluorescence intensity profiles 
(see Fig. S2, F–I). We use this nanohole definition throughout this 
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study. Live images of unperturbed, GFP-Climp63 overexpressing, 
and nocodazole-treated cells were analyzed. Fixed cells express-
ing GFP-Sec61β for 48 h were immunolabeled, and their images 
were used to measure holes in the NE where NPCs reside. Fixed 
immunolabeled NE images were used for measuring holes be-
cause these samples had better signal-to-noise ratios than live 
images of the NE.

Hole boundary detection and characterization were per-
formed using code written in Python. Segmentation and smooth-
ing were performed using recipe modules from PYME. The data 
were smoothed slightly with a Gaussian filter with a kernel width 
of σ = 1 pixel. Hole candidates were identified by searching for 
local minima with a minimum separation of 4 pixels. A binary 
image of the ER was generated by first max-normalizing the 
data, applying a median filter with a 15 × 15-pixel kernel, and 
thresholding at 5% of the maximum value. Segmentation was 
then performed on the masked and smoothed data using a wa-
tershed algorithm with the hole candidates as the markers. The 
raw images, not the segmented regions, were displayed to L.K. 
Schroeder, S. Bahmanyar, and A.E.S. Barentine, who manually 
identified the approximate center of each hole in the raw data, 
establishing which watershed regions the program would then 
analyze. Within these watershed regions, a hole border was de-
fined using a functionally agnostic approach. This was accom-
plished by first determining the hole depth as the difference 
between the mean of the pixels comprising the edge of the wa-
tershed region on the smoothed image and the minimum pixel 
value within the region on the smoothed image. The pixels below 
the minimum pixel value plus 40% of the hole depth were de-
termined to be within the hole, and the raw data corresponding 
with these points were used for further quantification. Poorly 
segmented holes were rejected manually.

The hole symmetry and equivalent diameter of each hole were 
calculated using code written in Python. The symmetry was de-
termined by first constructing a matrix of the x and y coordinates 
of each pixel inside of the hole. For an elliptical hole whose major 
and minor axes are parallel to the Cartesian axes, our approach 
calculates the SD of the pixel positions along the minor axis and 
divides that by the SD along the major axis. To determine the hole 
symmetry for arbitrarily shaped holes at various orientations, we 
calculated the covariance matrix of the pixel position matrix. Be-
cause this covariance matrix is by definition symmetric and filled 
with real values, its diagonalization yields two eigenvectors, one 
of which points along the direction with the largest variance, and 
a second that is exactly perpendicular to the first. The eigenval-
ues for each of these eigenvectors is the covariance along that 
axis, and we define the hole symmetry as

    √ 
_

  λ  2       _ 
 √ 
_

  λ  1    
  , 

where   λ  1    is the larger covariance eigenvalue and   λ  2    is the smaller 
covariance eigenvalue. The equivalent diameter was calculated 
by assuming the geometry of a circle such that  d   =  2  √ 

_
 A / π   , 

where d is the equivalent diameter and A is the area of a pixel 
multiplied by the number of pixels in a hole. The equivalent di-
ameter and hole symmetry swarm plots were generated using the 
Seaborn Python package.

Nanohole simulation
Images of nanoholes were numerically simulated in a custom 
Python script. Holes were modeled as they were in the geomet-
ric model: cylindrical holes in a 50-nm-thick sheet, with curved 
inner edges defined by the inner half of a torus. Four images of 
25 holes each, spaced by 105 pixels (curved edge to curved edge), 
were simulated with 30-, 50-, 75-, 100-, 125-, 150-, and 200-nm 
inner diameters. Hole centers were jittered using a uniform dis-
tribution to eliminate artifacts from holes always being centered 
on pixels. To mimic imaging with our STED microscope, the lat-
eral pixel size was simulated to be 18.9 nm, the model was con-
volved with a 50-nm FWHM Lorentzian PSFw (to emulate the 
PSF of the STED microscope), and the convolved model was used 
as expected values for sampling Poisson distributions (to add 
shot noise). The model was first generated in three dimensions 
with an axial pixel size of 1 nm, and each voxel determined to be 
luminal by the model was filled with a value of α, which is anal-
ogous to fluorescence intensity per unit volume. The model was 
then projected onto the lateral plane before numeric convolution. 
Noise was added similar to that observed in our live-cell images; 
this was accomplished by adding a background of 1 and setting α 
to 10 for generating the preconvolved model. For measurements 
shown in Fig. S3 (A–D), the hole images were processed with the 
same algorithm used for analyzing our live-cell images, and the 
holes were manually identified by A.E.S. Barentine. After the 
convolution and addition of shot noise, many of the 30-nm holes 
were unidentifiable and were therefore not selected for analysis. 
Swarm plots were generated using the Seaborn Python package.

Statistical analysis
Prism7 (GraphPad Software) was used to evaluate the statistical 
significance of hole symmetry and equivalent hole diameter. The 
distributions of our hole measurements do not appear Gaussian. 
We therefore used the nonparametric Kruskal–Wallis test with a 
post hoc Dunn’s test for multiple comparisons in Fig. 4 (D and E).

Analytic ER modeling
To determine how different ER sheet thicknesses affect the 
curved surface area of the ER as shown in Fig. 5, we modeled uni-
form sheets, tubules, and nanoholes using geometric shapes. Our 
model of the ER comprises a laterally oriented disc to describe a 
sheet, a laterally oriented cylinder to describe a tubule, empty 
axially oriented cylinders to describe nanoholes, and toroid inner 
and outer halves to define curved edges of holes and sheets. We 
restricted our modeling to ER morphologies attainable without 
lipid addition or subtraction by keeping the surface area constant 
to that of a 5-µm-diameter sheet of a given thickness without 
a tubule or holes, which is the surface area that all normaliza-
tions were performed with respect to. To keep total surface area 
constant, the diameter of the sheet was varied depending on the 
number of holes or length of tubule being modeled. Both tubules 
and holes were modeled to consist entirely of positive curva-
ture; however, holes have saddle-type curvature that includes 
additional negative curvature along the axis orthogonal to the 
positive curvature axis. We report the area of curvature and do 
not distinguish between positive curvature that had or lacked 
additional orthogonal negative curvature. We calculated the 
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curved membrane surface area as a fraction of the total surface 
area (which was fixed) as 100-nm-inner-diameter nanoholes 
(Fig. 4 E) were inserted, and lengths of 100-nm-diameter tubule 
(Fig. 2 D) were extended from a 100-nm, 50-nm-thick sheet, and 
30-nm-thick sheet. For all three sheet thicknesses, we calculated 
the fraction of ER surface area that was curved as the number of 
100-nm-inner-diameter nanoholes and length of 100-nm-diam-
eter tubule were both varied. The resulting isoclines of constant 
curved fraction of surface area were nearly linear, and the linear 
approximations were used to generate Fig. 5. Our ER model was 
composed in Mathematica.

Online supplemental material
Fig. S1 shows ER nanoholes marked by a membrane-localized ER 
marker, NE holes colocalized with Nup160-HaloEN, localization 
of Rtn4EN-SNAP to nanoholes in flat ER sheets, and ER sheets 
visualized by iSIM. Fig. S2 shows plots of ER tubule diameters 
measured with luminal ER markers, plots of simulated sheet 
thickness, and representative fluorescence intensity profiles of 
ER sheets with nanoholes versus tubule matrices. Fig. S2 also 
shows characterization of the Rtn4 KO U2 OS cell line and ER 
phenotypes in Rtn4 KO cells codepleted for Rtn1/3. Fig. S3 shows 
plots of hole symmetry and equivalent diameters from simulated 
holes of different sizes, a representative gallery of holes, the wa-
tershed algorithm applied to define hole edges for analysis, and 
localization of Rtn4EN-SNAP under different conditions related 
to Fig. 4. Video 1 is related to Fig. 1 (H and I) and shows a time-
lapse of ER nanohole dynamics. Video 2 is related to Fig. S1 I and 
shows an iSIM video of ER sheet. Video 3 is related to Fig. 4 (F 
and G) and shows a time-lapse of ER nanohole dynamics in a 
GFP-Climp63–overexpressing cell. Table S1 is a resource table of 
all reagents used in this study. Text S1 contains the Mathematica 
script for the ER model related to Fig. 5.

Acknowledgments
We thank BioVision Technologies for the use of the VT-iSIM.

This work was supported by the G. Harold and Leila Y. Ma-
thers Foundation, the Wellcome Trust (095927/A/11/Z and 
203285/B/16/Z), the National Institutes of Health (R01 GM118486, 
P30 DK045735, and S10 OD020142), and Yale University. A.E.S. 
Barentine acknowledges support from a National Institutes of 
Health training grant (T32 GM008283). H. Merta was supported 
by National Institutes of Health training grants (T32 GM100884 
and T32 GM007499) and the Gruber Foundation. S. Schweighofer 
acknowledges support by the Austrian Marshall Plan Foundation.

J. Bewersdorf discloses significant financial interest in Bruker 
Corp. and Hamamatsu Photonics. The authors have no additional 
competing financial interests.

Author contributions: L.K. Schroeder, J. Bewersdorf, and S. 
Bahmanyar conceived the project. L.K. Schroeder, H. Merta, and 
S. Schweighofer prepared and acquired STED microscopy sam-
ples. A.E.S. Barentine designed and implemented image analysis, 
modeling, and simulations. D. Baddeley and J. Bewersdorf super-
vised image analysis, modeling, and simulations. H. Merta and S. 
Schweighofer made genome-edited cell lines. L.K. Schroeder pre-
pared 4Pi-SMSN samples. Y. Zhang acquired 4Pi-SMSN images. 

L.K. Schroeder and S. Bahmanyar wrote the manuscript. All au-
thors discussed the project and edited and reviewed the manu-
script. S. Bahmanyar and J. Bewersdorf supervised the project.

Submitted: 18 September 2018
Revised: 10 October 2018
Accepted: 11 October 2018

References
Anderson, D.J., and M.W. Hetzer. 2008. Reshaping of the endoplasmic reticu-

lum limits the rate for nuclear envelope formation. J. Cell Biol. 182:911–
924. https:// doi .org/ 10 .1083/ jcb .200805140

Barentine, A.E.S., L.K. Schroeder, M. Graff, D. Baddeley, and J. Bewersdorf. 
2018. Simultaneously Measuring Image Features and Resolution in Live-
Cell STED Images. Biophys. J. 115:951–956. https:// doi .org/ 10 .1016/ j .bpj 
.2018 .07 .028

Baumann, O., and B. Walz. 2001. Endoplasmic reticulum of animal cells and 
its organization into structural and functional domains. Int. Rev. Cytol. 
205:149–214. https:// doi .org/ 10 .1016/ S0074 -7696(01)05004 -5

Bottanelli, F., E.B. Kromann, E.S. Allgeyer, R.S. Erdmann, S. Wood Baguley, G. 
Sirinakis, A. Schepartz, D. Baddeley, D.K. Toomre, J.E. Rothman, and J. 
Bewersdorf. 2016. Two-colour live-cell nanoscale imaging of intracellu-
lar targets. Nat. Commun. 7:10778. https:// doi .org/ 10 .1038/ ncomms10778

Brinkman, E.K., T. Chen, M. Amendola, and B. van Steensel. 2014. Easy quan-
titative assessment of genome editing by sequence trace decomposition. 
Nucleic Acids Res. 42:e168. https:// doi .org/ 10 .1093/ nar/ gku936

Dabora, S.L., and M.P. Sheetz. 1988. The microtubule-dependent forma-
tion of a tubulovesicular network with characteristics of the ER from 
cultured cell extracts. Cell. 54:27–35. https:// doi .org/ 10 .1016/ 0092 
-8674(88)90176 -6

Dawson, T.R., M.D. Lazarus, M.W. Hetzer, and S.R. Wente. 2009. ER mem-
brane-bending proteins are necessary for de novo nuclear pore forma-
tion. J. Cell Biol. 184:659–675. https:// doi .org/ 10 .1083/ jcb .200806174

Eggeling, C., K.I. Willig, and F.J. Barrantes. 2013. STED microscopy of liv-
ing cells--new frontiers in membrane and neurobiology. J. Neurochem. 
126:203–212. https:// doi .org/ 10 .1111/ jnc .12243

Fawcett, D. 1981. Endoplasmic Reticulum. In The Cell. W. B. Saunders, Phila-
delphia. 303–309.

Friedman, J.R., and G.K. Voeltz. 2011. The ER in 3D: a multifunctional dynamic 
membrane network. Trends Cell Biol. 21:709–717. https:// doi .org/ 10 .1016/ 
j .tcb .2011 .07 .004

Friedman, J.R., B.M. Webster, D.N. Mastronarde, K.J. Verhey, and G.K. Voeltz. 
2010. ER sliding dynamics and ER-mitochondrial contacts occur on 
acetylated microtubules. J. Cell Biol. 190:363–375. https:// doi .org/ 10 
.1083/ jcb .200911024

Grigoriev, I., S.M. Gouveia, B. van der Vaart, J. Demmers, J.T. Smyth, S. Hon-
nappa, D. Splinter, M.O. Steinmetz, J.W. Putney Jr., C.C. Hoogenraad, and 
A. Akhmanova. 2008. STIM1 is a MT-plus-end-tracking protein involved 
in remodeling of the ER. Curr. Biol. 18:177–182. https:// doi .org/ 10 .1016/ 
j .cub .2007 .12 .050

Guo, Y. 2018. Visualizing Intracellular Organelle and Cytoskeletal Interactions 
at Nanoscale Resolution on Millisecond Timescales. Cell.  https:// doi .org/ 
10 .1016/ j .cell .2018 .09 .057

Hein, B., K.I. Willig, and S.W. Hell. 2008. Stimulated emission depletion 
(STED) nanoscopy of a fluorescent protein-labeled organelle inside a 
living cell. Proc. Natl. Acad. Sci. USA. 105:14271–14276. https:// doi .org/ 10 
.1073/ pnas .0807705105

Hell, S.W., and J. Wichmann. 1994. Breaking the diffraction resolution limit 
by stimulated emission: stimulated-emission-depletion fluorescence 
microscopy. Opt. Lett. 19:780–782. https:// doi .org/ 10 .1364/ OL .19 .000780

Holcman, D., P. Parutto, J.E. Chambers, M. Fantham, L.J. Young, S.J. Marciniak, 
C.F. Kaminski, D. Ron, and E. Avezov. 2018. Single particle trajectories 
reveal active endoplasmic reticulum luminal flow. Nat. Cell Biol. 20:1118–
1125. https:// doi .org/ 10 .1038/ s41556 -018 -0192 -2

Hu, J., Y. Shibata, C. Voss, T. Shemesh, Z. Li, M. Coughlin, M.M. Kozlov, T.A. 
Rapoport, and W.A. Prinz. 2008. Membrane proteins of the endoplasmic 
reticulum induce high-curvature tubules. Science. 319:1247–1250.

Hu, J., Y. Shibata, P.-P. Zhu, C. Voss, N. Rismanchi, W.A. Prinz, T.A. Rapoport, 
and C. Blackstone. 2009. A class of dynamin-like GTPases involved in 
the generation of the tubular ER network. Cell. 138:549–561. https:// doi 
.org/ 10 .1016/ j .cell .2009 .05 .025

D
ow

nloaded from
 http://rupress.org/jcb/article-pdf/218/1/83/1618538/jcb_201809107.pdf by guest on 25 April 2024

https://doi.org/10.1083/jcb.200805140
https://doi.org/10.1016/j.bpj.2018.07.028
https://doi.org/10.1016/j.bpj.2018.07.028
https://doi.org/10.1016/S0074-7696(01)05004-5
https://doi.org/10.1038/ncomms10778
https://doi.org/10.1093/nar/gku936
https://doi.org/10.1016/0092-8674(88)90176-6
https://doi.org/10.1016/0092-8674(88)90176-6
https://doi.org/10.1083/jcb.200806174
https://doi.org/10.1111/jnc.12243
https://doi.org/10.1016/j.tcb.2011.07.004
https://doi.org/10.1016/j.tcb.2011.07.004
https://doi.org/10.1083/jcb.200911024
https://doi.org/10.1083/jcb.200911024
https://doi.org/10.1016/j.cub.2007.12.050
https://doi.org/10.1016/j.cub.2007.12.050
https://doi.org/10.1016/j.cell.2018.09.057
https://doi.org/10.1016/j.cell.2018.09.057
https://doi.org/10.1073/pnas.0807705105
https://doi.org/10.1073/pnas.0807705105
https://doi.org/10.1364/OL.19.000780
https://doi.org/10.1038/s41556-018-0192-2
https://doi.org/10.1016/j.cell.2009.05.025
https://doi.org/10.1016/j.cell.2009.05.025


Schroeder et al. 
Dynamic nanoscale ER morphology

Journal of Cell Biology
https://doi.org/10.1083/jcb.201809107

96

Hu, J., W.A. Prinz, and T.A. Rapoport. 2011. Weaving the web of ER tubules. 
Cell. 147:1226–1231. https:// doi .org/ 10 .1016/ j .cell .2011 .11 .022

Huang, F., G. Sirinakis, E.S. Allgeyer, L.K. Schroeder, W.C. Duim, E.B. Kro-
mann, T. Phan, F.E. Rivera-Molina, J.R. Myers, I. Irnov, et al. 2016. Ul-
tra-High Resolution 3D Imaging of Whole Cells. Cell. 166:1028–1040. 
https:// doi .org/ 10 .1016/ j .cell .2016 .06 .016

Keppler, A., S. Gendreizig, T. Gronemeyer, H. Pick, H. Vogel, and K. Johns-
son. 2003. A general method for the covalent labeling of fusion proteins 
with small molecules in vivo. Nat. Biotechnol. 21:86–89. https:// doi .org/ 
10 .1038/ nbt765

Klopfenstein, D.R., J. Klumperman, A. Lustig, R.A. Kammerer, V. Oorschot, and 
H.P. Hauri. 2001. Subdomain-specific localization of CLI MP-63 (p63) in 
the endoplasmic reticulum is mediated by its luminal α-helical segment. 
J. Cell Biol. 153:1287–1300. https:// doi .org/ 10 .1083/ jcb .153 .6 .1287

Los, G.V., L.P. Encell, M.G. McDougall, D.D. Hartzell, N. Karassina, C. Zimprich, 
M.G. Wood, R. Learish, R.F. Ohana, M. Urh, et al. 2008. HaloTag: a novel 
protein labeling technology for cell imaging and protein analysis. ACS 
Chem. Biol. 3:373–382. https:// doi .org/ 10 .1021/ cb800025k

Lu, L., M.S. Ladinsky, and T. Kirchhausen. 2009. Cisternal organization of 
the endoplasmic reticulum during mitosis. Mol. Biol. Cell. 20:3471–3480. 
https:// doi .org/ 10 .1091/ mbc .e09 -04 -0327

Lukinavičius, G., K. Umezawa, N. Olivier, A. Honigmann, G. Yang, T. Plass, V. 
Mueller, L. Reymond, I.R. Corrêa Jr., Z.G. Luo, et al. 2013. A near-infrared 
fluorophore for live-cell super-resolution microscopy of cellular pro-
teins. Nat. Chem. 5:132–139. https:// doi .org/ 10 .1038/ nchem .1546

Mali, P., L. Yang, K.M. Esvelt, J. Aach, M. Guell, J.E. DiCarlo, J.E. Norville, and 
G.M. Church. 2013. RNA-guided human genome engineering via Cas9. 
Science. 339:823–826. https:// doi .org/ 10 .1126/ science .1232033

Nixon-Abell, J., C.J. Obara, A.V. Weigel, D. Li, W.R. Legant, C.S. Xu, H.A. Pasolli, 
K. Harvey, H.F. Hess, E. Betzig, et al. 2016. Increased spatiotemporal res-
olution reveals highly dynamic dense tubular matrices in the peripheral 
ER. Science. 354:aaf3928. https:// doi .org/ 10 .1126/ science .aaf3928

Orci, L., M. Ravazzola, M. Le Coadic, W.W. Shen, N. Demaurex, and P. Cos-
son. 2009. From the Cover: STIM1-induced precortical and cortical 
subdomains of the endoplasmic reticulum. Proc. Natl. Acad. Sci. USA. 
106:19358–19362. https:// doi .org/ 10 .1073/ pnas .0911280106

Orso, G., D. Pendin, S. Liu, J. Tosetto, T.J. Moss, J.E. Faust, M. Micaroni, A. Egor-
ova, A. Martinuzzi, J.A. McNew, and A. Daga. 2009. Homotypic fusion 
of ER membranes requires the dynamin-like GTPase atlastin. Nature. 
460:978–983. https:// doi .org/ 10 .1038/ nature08280

Otsuka, S., K.H. Bui, M. Schorb, M.J. Hossain, A.Z. Politi, B. Koch, M. Eltsov, 
M. Beck, and J. Ellenberg. 2016. Nuclear pore assembly proceeds by an 
inside-out extrusion of the nuclear envelope. eLife. 5:e19071. https:// doi 
.org/ 10 .7554/ eLife .19071

Otsuka, S., A.M. Steyer, M. Schorb, J.K. Hériché, M.J. Hossain, S. Sethi, M. Kue-
blbeck, Y. Schwab, M. Beck, and J. Ellenberg. 2018. Postmitotic nuclear 
pore assembly proceeds by radial dilation of small membrane openings. 
Nat. Struct. Mol. Biol. 25:21–28. https:// doi .org/ 10 .1038/ s41594 -017 -0001 
-9

Palade, G.E. 1955. Studies on the endoplasmic reticulum. II. Simple disposi-
tions in cells in situ. J. Biophys. Biochem. Cytol. 1:567–582. https:// doi .org/ 
10 .1083/ jcb .1 .6 .567

Palade, G.E., and K.R. Porter. 1954. Studies on the endoplasmic reticulum. I. Its 
identification in cells in situ. J. Exp. Med. 100:641–656. https:// doi .org/ 
10 .1084/ jem .100 .6 .641

Phillips, M.J., and G.K. Voeltz. 2016. Structure and function of ER membrane 
contact sites with other organelles. Nat. Rev. Mol. Cell Biol. 17:69–82. 
https:// doi .org/ 10 .1038/ nrm .2015 .8

Puhka, M., H. Vihinen, M. Joensuu, and E. Jokitalo. 2007. Endoplasmic reticu-
lum remains continuous and undergoes sheet-to-tubule transformation 

during cell division in mammalian cells. J. Cell Biol. 179:895–909. https:// 
doi .org/ 10 .1083/ jcb .200705112

Puhka, M., M. Joensuu, H. Vihinen, I. Belevich, and E. Jokitalo. 2012. Progres-
sive sheet-to-tubule transformation is a general mechanism for endo-
plasmic reticulum partitioning in dividing mammalian cells. Mol. Biol. 
Cell. 23:2424–2432. https:// doi .org/ 10 .1091/ mbc .e10 -12 -0950

Ran, F.A., P.D. Hsu, J. Wright, V. Agarwala, D.A. Scott, and F. Zhang. 2013. Ge-
nome engineering using the CRI SPR-Cas9 system. Nat. Protoc. 8:2281–
2308. https:// doi .org/ 10 .1038/ nprot .2013 .143

Rothballer, A., and U. Kutay. 2013. Poring over pores: nuclear pore complex 
insertion into the nuclear envelope. Trends Biochem. Sci. 38:292–301. 
https:// doi .org/ 10 .1016/ j .tibs .2013 .04 .001

Shibata, Y., G.K. Voeltz, and T.A. Rapoport. 2006. Rough sheets and smooth 
tubules. Cell. 126:435–439. https:// doi .org/ 10 .1016/ j .cell .2006 .07 .019

Shibata, Y., C. Voss, J.M. Rist, J. Hu, T.A. Rapoport, W.A. Prinz, and G.K. Voeltz. 
2008. The reticulon and DP1/Yop1p proteins form immobile oligomers 
in the tubular endoplasmic reticulum. J. Biol. Chem. 283:18892–18904. 
https:// doi .org/ 10 .1074/ jbc .M800986200

Shibata, Y., J. Hu, M.M. Kozlov, and T.A. Rapoport. 2009. Mechanisms shaping 
the membranes of cellular organelles. Annu. Rev. Cell Dev. Biol. 25:329–
354. https:// doi .org/ 10 .1146/ annurev .cellbio .042308 .113324

Shibata, Y., T. Shemesh, W.A. Prinz, A.F. Palazzo, M.M. Kozlov, and T.A. 
Rapoport. 2010. Mechanisms determining the morphology of the pe-
ripheral ER. Cell. 143:774–788. https:// doi .org/ 10 .1016/ j .cell .2010 .11 .007

Terasaki, M. 2018. Axonal endoplasmic reticulum is very narrow. J. Cell Sci. 
131:jcs210450. https:// doi .org/ 10 .1242/ jcs .210450

Terasaki, M., L.B. Chen, and K. Fujiwara. 1986. Microtubules and the endo-
plasmic reticulum are highly interdependent structures. J. Cell Biol. 
103:1557–1568. https:// doi .org/ 10 .1083/ jcb .103 .4 .1557

Terasaki, M., T. Shemesh, N. Kasthuri, R.W. Klemm, R. Schalek, K.J. Hayworth, 
A.R. Hand, M. Yankova, G. Huber, J.W. Lichtman, et al. 2013. Stacked 
endoplasmic reticulum sheets are connected by helicoidal membrane 
motifs. Cell. 154:285–296. https:// doi .org/ 10 .1016/ j .cell .2013 .06 .031

Vietri, M., H. Stenmark, and C. Campsteijn. 2016. Closing a gap in the nuclear 
envelope. Curr. Opin. Cell Biol. 40:90–97. https:// doi .org/ 10 .1016/ j .ceb 
.2016 .03 .001

Voeltz, G.K., W.A. Prinz, Y. Shibata, J.M. Rist, and T.A. Rapoport. 2006. A class 
of membrane proteins shaping the tubular endoplasmic reticulum. Cell. 
124:573–586. https:// doi .org/ 10 .1016/ j .cell .2005 .11 .047

Waterman-Storer, C.M., and E.D. Salmon. 1998. Endoplasmic reticulum mem-
brane tubules are distributed by microtubules in living cells using three 
distinct mechanisms. Curr. Biol. 8:798–806. https:// doi .org/ 10 .1016/ 
S0960 -9822(98)70321 -5

Weber, K., P.C. Rathke, and M. Osborn. 1978. Cytoplasmic microtubular images 
in glutaraldehyde-fixed tissue culture cells by electron microscopy and 
by immunofluorescence microscopy. Proc. Natl. Acad. Sci. USA. 75:1820–
1824. https:// doi .org/ 10 .1073/ pnas .75 .4 .1820

West, M., N. Zurek, A. Hoenger, and G.K. Voeltz. 2011. A 3D analysis of yeast 
ER structure reveals how ER domains are organized by membrane cur-
vature. J. Cell Biol. 193:333–346. https:// doi .org/ 10 .1083/ jcb .201011039

Westrate, L.M., J.E. Lee, W.A. Prinz, and G.K. Voeltz. 2015. Form follows 
function: the importance of endoplasmic reticulum shape. Annu. Rev. 
Biochem. 84:791–811. https:// doi .org/ 10 .1146/ annurev -biochem -072711 
-163501

Woźniak, M.J., B. Bola, K. Brownhill, Y.-C. Yang, V. Levakova, and V.J. Allan. 
2009. Role of kinesin-1 and cytoplasmic dynein in endoplasmic reticu-
lum movement in VERO cells. J. Cell Sci. 122:1979–1989. https:// doi .org/ 
10 .1242/ jcs .041962

D
ow

nloaded from
 http://rupress.org/jcb/article-pdf/218/1/83/1618538/jcb_201809107.pdf by guest on 25 April 2024

https://doi.org/10.1016/j.cell.2011.11.022
https://doi.org/10.1016/j.cell.2016.06.016
https://doi.org/10.1038/nbt765
https://doi.org/10.1038/nbt765
https://doi.org/10.1083/jcb.153.6.1287
https://doi.org/10.1021/cb800025k
https://doi.org/10.1091/mbc.e09-04-0327
https://doi.org/10.1038/nchem.1546
https://doi.org/10.1126/science.1232033
https://doi.org/10.1126/science.aaf3928
https://doi.org/10.1073/pnas.0911280106
https://doi.org/10.1038/nature08280
https://doi.org/10.7554/eLife.19071
https://doi.org/10.7554/eLife.19071
https://doi.org/10.1038/s41594-017-0001-9
https://doi.org/10.1038/s41594-017-0001-9
https://doi.org/10.1083/jcb.1.6.567
https://doi.org/10.1083/jcb.1.6.567
https://doi.org/10.1084/jem.100.6.641
https://doi.org/10.1084/jem.100.6.641
https://doi.org/10.1038/nrm.2015.8
https://doi.org/10.1083/jcb.200705112
https://doi.org/10.1083/jcb.200705112
https://doi.org/10.1091/mbc.e10-12-0950
https://doi.org/10.1038/nprot.2013.143
https://doi.org/10.1016/j.tibs.2013.04.001
https://doi.org/10.1016/j.cell.2006.07.019
https://doi.org/10.1074/jbc.M800986200
https://doi.org/10.1146/annurev.cellbio.042308.113324
https://doi.org/10.1016/j.cell.2010.11.007
https://doi.org/10.1242/jcs.210450
https://doi.org/10.1083/jcb.103.4.1557
https://doi.org/10.1016/j.cell.2013.06.031
https://doi.org/10.1016/j.ceb.2016.03.001
https://doi.org/10.1016/j.ceb.2016.03.001
https://doi.org/10.1016/j.cell.2005.11.047
https://doi.org/10.1016/S0960-9822(98)70321-5
https://doi.org/10.1016/S0960-9822(98)70321-5
https://doi.org/10.1073/pnas.75.4.1820
https://doi.org/10.1083/jcb.201011039
https://doi.org/10.1146/annurev-biochem-072711-163501
https://doi.org/10.1146/annurev-biochem-072711-163501
https://doi.org/10.1242/jcs.041962
https://doi.org/10.1242/jcs.041962

